INTRODUCTION
Reactive oxygen species (ROS) are produced by plant and animal cells in response to a range of stimuli (Bac et al., 1997; Minibayeva et al., 1998; Tan et al., 1998; Grant and Loake, 2000) . Such oxidative bursts can underlie antimicrobial activity or downstream responses such as modulation of gene expression and cell cycle control (Finkel, 1998; Reichheld et al., 1999; Bowie and O'Neill, 2000; Desikan et al., 2000; Shackelford et al., 2000) . In plants and animals, the activity of a plasma membrane NADPH oxidase is implicated as an important source of ROS. Superoxide generation at the external surface of the cells is followed by a rapid dismutation to H 2 O 2 , which readily crosses membranes. Inhibitors of the animal NADPH oxidase, including the suicide substrate inhibitor diphenyleneiodonium (DPI), also block the elicitor-stimulated oxidative burst in plant cells (Levine et al., 1994; Desikan et al., 1996; Pugin et al., 1997) , and molecular and physiological data indicate functional and mechanistic similarities between the animal and plant NADPH oxidase related-oxidative burst. Abscisic acid has been shown to increase ROS in guard cells (Pei et al., 2000) , and ROS was shown to be an intermediary in the pathway leading to abscisic acid-induced antioxidant ( CAT1 ) gene expression (Guan et al., 2000) . In addition to plasma membrane NADPH oxidase, mitochondria, peroxisomes, and chloroplasts are potential powerful intracellular generators of ROS (Pastori and del Rio, 1997; Morel and Barouki, 1999) . Plant mitochondria can produce high levels of ROS when the activity of the enzyme alternative oxidase is suppressed (Maxwell et al., 1999) . Allan and Fluhr (1997) studied ROS generation using the fluorescent dye dichlorofluorescein and showed an accumulation of oxidized dye in the chloroplasts and nucleus in intact tobacco epidermal cells, which suggests the production of ROS in these compartments. However, little information is available on the subcellular spatiotemporal dynamics of ROS production in response to specific stimuli.
A close relationship between stress-induced Ca 2 ϩ signals and ROS production is becoming increasingly clear from studies in both plant and animal cells. Both the Ca 2 ϩ dependence of H 2 O 2 production (Grant and Loake, 2000) and the modulation of plasma membrane Ca 2 ϩ channels and cytosolic Ca 2 ϩ (Ca 2 ϩ cyt ) by H 2 O 2 (Pei et al., 2000) have been demonstrated. However, essential spatiotemporal data that would allow mechanistic interpretations of the interdependence of Ca 2 ϩ and ROS signals is lacking.
Two-celled Fucus serratus embryos comprise a polarized growing rhizoid cell and a thallus cell and experience regular and dramatic natural changes in their external osmotic conditions. Hypoosmotic or hyperosmotic treatment is known to cause transient increases of Ca 2 ϩ that initiate in the apical rhizoid region (Taylor et al., 1996) , and the spatiotemporal patterns of hypoosmotically induced Ca 2 ϩ signals vary with stimulus strength (Goddard et al., 2000) . These Ca 2 ϩ signals were shown to involve both Ca 2 ϩ influx across the plasma membrane and the release of Ca 2 ϩ from intracellular stores.
We used the suitability of Fucus embryos for microinjection, patch-clamp, and cellular Ca 2 ϩ imaging to understand the relationship between Ca 2 ϩ and ROS in the stress-signaling response pathway after hyperosmotic treatment. We demonstrate a close interdependence between Ca 2 ϩ and ROS signals during hyperosmotic stress. We show that there are two components in the hyperosmotic stress response. An initial ROS increase, at the plasma membrane level, is initiated a few seconds after hyperosmotic treatment and is required for the generation of a Ca 2 ϩ cyt wave. A slower, Ca 2 ϩ -dependent component of ROS production is localized to the mitochondria. These results also indicate a functional role, specific to the peripheral component of ROS production, in the short-term adaptive response to hyperosmotic stress.
RESULTS

Hyperosmotic Stress Elicits Rapid Production of ROS at the Rhizoid Apex
The fluorescent probe chloromethyl-2 Ј ,7 Ј -dichlorodihydrofluorescein diacetate (CM-DCFH 2 -DA) was used to measure intracellular ROS production by Fucus embryos. Oxidation of DCFH 2 by ROS yields the fluorescent DCF. Although the oxidizing agent is believed to be either OH* or H 2 O 2 (Zhu et al., 1994) , it is assumed that the main ROS reported is H 2 O 2 (Pei et al., 2000) . In cells that were loaded with CM-DCFH 2 -DA to visualize both early cytosolic and mitochondrial ROS production (see Methods), hyperosmotic treatment (transfer from seawater to seawater plus 2 M sorbitol) induced a fast (within a few seconds) peripheral production of ROS at the rhizoid cell apex, particularly noticeable at sites of membrane-cell wall adhesions ( Figure 1B ; n ϭ 10). After ‫ف‬ 40 s, ROS production also was detectable in more discrete areas in subapical regions, becoming more evident after 120 s ( Figure 1B ). The time course of ROS production clearly showed an earlier onset in the peripheral region compared with the subapical region ( Figure 1C ).
Hyperosmotic Stress Elicits a Transient Ca 2 ؉ cyt
Increase and ROS Production in Discrete Intracellular Compartments
Hyperosmotic treatment induced a transient Ca 2 ϩ cyt increase in rhizoid cells within 10 to 12 s, coincident with a reduction in cell volume (Figures 1D and 1E ; n ϭ 10). This Ca 2 ϩ cyt transient reached peak average cellular levels of 483 Ϯ 45.2 nM within 10 s of the onset of the Ca 2 ϩ increase before returning to resting levels during the subsequent 24 to 40 s. Confocal ratio images revealed that the hyperosmotically induced Ca 2 ϩ transient initiated at a discrete location in the rhizoid apex, where the plasma membrane remained attached to the cell wall during cytoplasmic shrinkage, and propagated through the cell as a unidirectional wave with an estimated velocity of 15 m/s, reaching peak levels of at least 1 M ( Figure 1E ). The apical Ca 2 ϩ gradient also was apparent on return to seawater (Figure 1E, a and b) . Smaller excursions at resting Ca 2 ϩ were observed occasionally, occurring either spontaneously or in response to return to seawater after hyperosmotic treatment. In Figure 1D , these are apparent as a small decrease from 100 to 50 nM Ca 2 ϩ cyt at the beginning of the trace and small transient increases after the return to seawater. These small changes in resting Ca 2 ϩ probably were related to growth or turgor regulation (Taylor et al., 1996) .
Hyperosmotic treatment also elicited an increase in ROS production in discrete intracellular compartments, as monitored by DCF fluorescence in cells preincubated for 20 min in CM-DCFH 2 -DA and washed subsequently for 20 min. ROS started to increase within 120 s after hyperosmotic treatment (Figures 1F and 1G ; n ϭ 25), followed by a more rapid production after 800 s, and reached a plateau after ‫ف‬ 20 min. Although the time to onset of this component of intracellular ROS production varied from 40 to 120 s, this always occurred after the peak (i.e., downstream) of the hyperosmotically induced Ca 2 ϩ increase and the fast peripheral ROS production. By direct microinjection of CM-DCFH 2 -DA into cells, we were able to estimate the average cellular production of ROS during hyperosmotic treatment to be equivalent to ‫ف‬ 0.05 mmol of H 2 O 2 per liter of cell volume per minute.
Localization of the Oxidative Burst
Embryos that were colabeled with the fluorescent mitochondrial probe MitoTracker Red and CM-DCFH 2 -DA showed a clear localization of ROS production to mitochondria but not to chloroplasts (Figure 2A ; n ϭ 7). Transmission electron microscopy and confocal fluorescence imaging of identical sections labeled with MitoTracker Red confirmed, within the limits of resolution, the mitochondrial localization of the MitoTracker dye ( Figure 2B ). Although the mitochondria were not all labeled equally with MitoTracker dye, fluorescence was not found in any other cell compartments. Dissipation of the mitochondrial proton motive force with 1 M carbonylcyanide p-trifluoromethoxyphenyl hydrazone completely abolished the hyperosmotic shock-induced mitochondrial ROS production ( Figure 2C ; n ϭ 5). This inhibition was reversible (data not shown), suggesting a specific mitochondrial uncoupling effect.
The pattern of tetramethyl rhodamine ester (TMRE) accumulation also was identical to that of MitoTracker Green and CM-DCFH 2 -DA (data not shown). Monitoring of the fluorescence of TMRE as an indicator of mitochondrial membrane potential suggested the occurrence of mitochondrial depolarization during hyperosmotic shock ( Figure 2D ; n ϭ 4), the time course of which was similar to that of the corresponding transient Ca 2ϩ cyt increase. The mitochondrial Ca 2ϩ (Ca 2ϩ m ) reporter dye X-rhod-FF colocalized with MitoTracker Green in dual-labeling experiments ( Figure 3A ), allowing changes in Ca 2ϩ m to be monitored. An increase in Ca 2ϩ m was apparent ‫02ف‬ s after hyperosmotic treatment (Figures 3A and 3B; n ϭ 15)-that is, soon after the peak of the Ca 2ϩ cyt transient.
Interdependence of Ca 2؉ and ROS Production
To determine whether Ca 2ϩ cyt increase is essential for mitochondrial ROS production, the Ca 2ϩ chelator dibromo gly- cine, N 1 N 1 -(1,2-ethanediylbis(oxy-2,1-phenylene)) bis(N-carboxymethyl))-tetrapotassium salt (Br 2 BAPTA) was injected into the rhizoid cell. Br 2 BAPTA has been shown to prevent osmotically induced Ca 2ϩ signals in Fucus rhizoids (Taylor et al., 1996) . Br 2 BAPTA abolished hyperosmotically induced ROS production in the injected rhizoid cell but not in the adjacent non-Br 2 BAPTA-injected thallus cell ( Figure 4A ; n ϭ 7). Thus, Ca 2ϩ cyt increase is a necessary step for mitochondrial ROS production.
The time course of early peripheral ROS production at the rhizoid apex was similar to that of the onset of Ca 2ϩ cyt increase, being detectable within a few seconds of hyperosmotic treatment. Unlike mitochondrial ROS increase, early peripheral ROS increase was not inhibited in Br 2 BAPTAinjected cells ( Figure 4B ; n ϭ 12), indicating that it occurred independently or upstream of the Ca 2ϩ cyt wave. The phospholipase C inhibitor U73122 blocked the hyperosmotically induced Ca 2ϩ wave ( Figure 4E ) and the mitochondrial ROS increase but did not block peripheral ROS production (Figure 4C ; n ϭ 7). Interestingly, a prolonged increase of ROS was observed in the rhizoid apex in the presence of U73122 ( Figure 4C ). This contrasts with the more transient increase of ROS in the rhizoid apex in Br 2 BAPTA-buffered cells and may reflect the inability of U73122 to block the highly localized plasma membrane influx component of Ca 2ϩ increase, leading to an increase of ROS in mitochondria near the cell apex. The inactive analog of U73122 (U73343) had no effect on ROS production (data not shown).
We then investigated whether ROS production could lead to Ca 2ϩ cyt increase. The NADPH oxidase and peroxidase inhibitor DPI (Pugin et al., 1997; Frahry and Schopfer, 1998; Pei et al., 2000) brought about a complete inhibition of both peripheral and mitochondrial ROS increase and abolished the Ca 2ϩ cyt wave (Figures 4D and 4E; n ϭ 8) . This raises the likelihood that the peripheral ROS increase resulted from the extracellular production of ROS by the activity of plasma membrane-associated NADPH oxidase, leading to diffusion of H 2 O 2 into the cell. The critical role of extracellular ROS production in initiating this cascade is further strongly supported by the dramatic inhibition of both intracellular ROS production (n ϭ 20) and the Ca 2ϩ wave (n ϭ 8) by the application of extracellular catalase ( Figures 4D and 4E Single-channel recordings from cell-attached membrane patches of laser-derived spheroplasts from the rhizoid apex ( Figure 5C ) consistently revealed the presence of cationpermeable channels with properties identical to those characterized previously as nonselective cation channels (Taylor et al., 1996) , based on their conductance (28 pS), reversal potential (Ϫ25 mV; assuming E K of Ϫ50 mV, [K ϩ ] cyt ϭ 200 mM) (Taylor et al., 1996) , and spheroplast resting membrane potential of Ϫ60 mV (Berger and Brownlee, 1995) . In 16 of 22 patches containing this type of channel activity, bath perfusion with 1 mM H 2 O 2 in seawater produced a significant increase in channel activity. Although the extent of channel activation varied from cell to cell, in the experiment shown in Figure 5C , open probability averaged 0.01 before H 2 O 2 addition and increased to 0.51 during the initial 10 s after H 2 O 2 perfusion. Although opening to only a single open current 
Ca 2؉ cyt Increase Is Sufficient to Induce Mitochondrial ROS Production
To determine whether Ca 2ϩ increase alone was sufficient for mitochondrial ROS production, we used caged inositol Figure 6A ) that lasted for up to 20 s (n ϭ 6). This Ca 2ϩ cyt increase was sufficient to trigger mitochondrial ROS production in the absence of any other stimulus ( Figure 6B ; n ϭ 6). Significantly, the Ins(1,4,5)P 3 -induced mitochondrial ROS production was not inhibited by DPI ( Figure 6C ; n ϭ 3), indicating that the total inhibitory effect of DPI on hyperosmotically induced ROS production and the Ca 2ϩ cyt wave resulted from the specific inhibition of an upstream DPI-sensitive process.
Peripheral ROS Production Is Involved in Osmotic Adaptation
A functional role for ROS in the response to abiotic stress was evident from experiments that monitored the adaptation to osmotic treatments. Hypoosmotic shock (from 100% to 50% seawater) caused a significant proportion (25%) of rhizoid cells to rupture. However, hyperosmotic pretreatment rendered embryos more tolerant to osmotic bursting in response to subsequent hypoosmotic shock (Table 1) , indicating increased cell wall strength. Pretreatment of embryos with 100 or 500 M H 2 O 2 also induced increases in resistance to subsequent hypoosmotic shock, suggesting that the osmotic adaptation induced by hyperosmotic pretreatment is related to ROS production. This was further supported by the complete abolition of this osmotic adaptation by DPI. By contrast, treatment of the embryos with the phospholipase C inhibitor U73122 (which blocks the hyperosmotically induced Ca 2ϩ increase [ Figure 4 ] and subsequent mitochondrial ROS production but not peripheral ROS production) did not affect the development of osmotic resistance, indicating that early peripheral ROS production is sufficient to activate cell wall resistance mechanisms.
DISCUSSION
Our results show a clear and essential interaction between Ca 2ϩ and ROS in short-term signaling in response to hyperosmotic treatment. The velocity of propagation of the hyperosmotically induced Ca 2ϩ wave reported here ‫51ف(‬ m/s) was similar to that reported previously for hypoosmotically induced Ca 2ϩ signals in Fucus rhizoid cells (Goddard et al., 2000) . However, the pattern of propagation is different from that reported for hypoosmotic treatments, which generate separate apical Ca 2ϩ increases and/or bidirectionally propagating Ca 2ϩ waves that initiate in the perinuclear region depending on the strength of the stimulus (Goddard et al., 2000) . Thus, the hyperosmotic Ca 2ϩ wave provided a consistent signal against which to compare the patterns of ROS production in this signaling pathway. The hyperosmotically induced Ca 2ϩ wave and the early peripheral ROS production both localize to the rhizoid apex at sites of adhesions be- tween the plasma membrane and the cell wall. However, although the Ca 2ϩ wave was dependent on the extracellular production of ROS, as indicated by the complete inhibition of the Ca 2ϩ wave by both DPI and the extracellular application of catalase, early peripheral ROS production was independent of the Ca 2ϩ cyt increase. A role for ROS in the spatial patterning of the Ca 2ϩ wave also was indicated by the delocalized increase of Ca 2ϩ cyt initiating from around the cell periphery in response to delocalized external H 2 O 2 application. In addition, the rapid activation by H 2 O 2 of nonselective plasma membrane cation channels in cell-attached recordings strongly suggests that the initial action of external ROS production is mediated via Ca 2ϩ influx through these channels. It remains to be determined whether the production of ROS at the growing rhizoid apex also underlies the Ca 2ϩ gradient associated with rhizoid germination and growth (Brownlee and Wood, 1986; Taylor et al., 1996; Pu and Robinson, 1998) . The concentrations of H 2 O 2 that elicited increases in Ca 2ϩ cyt (0.1 to 1.0 mM) are comparable to those shown to cause Ca 2ϩ increases and increased Ca 2ϩ current in stomatal guard cell protoplasts (Pei et al., 2000) . The actual H 2 O 2 concentrations at the plasma membrane during hyperosmotic treatments are not known. Although we have estimated an average cellular H 2 O 2 production rate of 50 mol·L Ϫ1 ·min Ϫ1 , the H 2 O 2 concentrations at localized sites of production are likely to be considerably higher than the micromolar range.
The mitochondrial membrane potential drives ATP synthesis and provides a large driving force for divalent cation entry. Several studies have shown that, when challenged with high Ca 2ϩ cyt , the mitochondria can contribute to Ca 2ϩ homeostasis by providing an intracellular sink for Ca 2ϩ (Rizzuto et al., 2000) . The increase in cellular TMRE fluorescence in response to hyperosmotic shock is consistent with the release of TMRE from the mitochondria in response to mitochondrial depolarization, resulting in reduced dye quenching (Zimmermann, 2000) . We used X-rhod-FF as an indicator of Ca 2ϩ m . This is an improved version of rhod-2, which has been used to monitor Ca 2ϩ m in both animal and plant cells (Subbaiah et al., 1998; Park et al., 2001) . Its colocalization with MitoTracker in the present study confirmed its mitochondrial localization in Fucus rhizoid cells. The onset of Ca 2ϩ m increase, coincident with the peak of the Ca 2ϩ cyt transient (i.e., 20 s after the hyperosmotic treatment), suggests the occurrence of Ca 2ϩ uptake by the mitochondria after cytoplasmic Ca 2ϩ increase, consistent with the role for mitochondria in buffering Ca 2ϩ cyt shown in a variety of animal cell types (Duchen, 2000; Rizzuto et al., 2000; Zimmermann, 2000) . Moreover, recent reports show that the uptake of Ca 2ϩ by mitochondria has a powerful impact on cellular Ca 2ϩ signaling (Duchen, 2000) , affecting the generation and propagation of Ins(1,4,5)P 3 -triggered Ca 2ϩ waves (Zimmermann, 2000) and the modulation of store-operated Ca 2ϩ currents (Hoth et al., 1997) .
To date, evidence for the role of mitochondria in spatiotemporal Ca 2ϩ signaling is largely lacking for plants and algae, although mitochondria have been shown to represent a source of Ca 2ϩ for signals elicited in response to anoxia (Subbaiah et al., 1998) . We also show here that the onset of the increase in mitochondrial ROS production is coincident with the declining phase of the transient Ca 2ϩ cyt increase, with the peak of the mitochondrial depolarization, and with the increase of Ca 2ϩ m after hyperosmotic treatment. Moreover, mitochondrial ROS production shows an absolute dependence on Ca 2ϩ cyt increase. In animal cells, mitochondria may incur Ca 2ϩ -induced respiratory impairment in response to Ca 2ϩ loading that may potentiate ROS production (Grijalba et al., 1999) . The total abolition of mitochondrial ROS production in Br 2 BAPTA-injected rhizoid cells indicates a strong causal link between Ca 2ϩ cyt increase, Ca 2ϩ m uptake, and ROS production. Thus, an increase of Ca 2ϩ cyt is necessary to induce mitochondrial ROS production and is preceded by a peripheral cytosolic increase of ROS, involving an initial extracellular production of ROS, probably through a NADPH oxidase-like activity.
The hyperosmotically induced mitochondrial ROS production and Ca 2ϩ cyt increase were sensitive to DPI. By contrast, Ca 2ϩ -induced mitochondrial ROS production after photorelease of caged Ins(1,4,5)P 3 was DPI insensitive. Therefore, hyperosmotically induced mitochondrial ROS production appears to require the activity of an upstream DPI-sensitive process.
A functional role for ROS in the response to abiotic stress was evident from experiments that monitored adaptation to osmotic treatments. Thus, hyperosmotic or H 2 O 2 pretreatments rendered embryos more tolerant to osmotic bursting in response to subsequent hypoosmotic shock (Table 1) . This is consistent with the widely reported role for ROS in increasing cross-linking of cell wall polymers, leading to increased cell wall strength in response to stress (Bradley et al., 1992; Fry et al., 2000) . This was abolished by DPI but not by the inhibitor U73122, which blocks the Ca 2ϩ cyt increase and subsequent mitochondrial ROS production ( Figures 4C  and 4E ), indicating that the early peripheral oxidative burst is sufficient to activate cell wall resistance mechanisms. The activation of cell wall resistance mechanisms by hyperosmotic treatment may function to counter the hypoosmotic stress that is likely during rehydration on return to normal seawater after solute accumulation associated with hyperosmotic adaptation.
Our results indicate a sequence of events leading to mitochondrial ROS production that involves an initial localized extracellular production of ROS at the level of the plasma membrane leading to Ca 2ϩ cyt increase, Ca 2ϩ uptake by mitochondria, and mitochondrial ROS production ( Figure 7 ). This is consistent with the demonstration of ROS production in response to abscisic acid in Arabidopsis stomatal guard cells, which was shown to increase the activity of hyperpolarization-dependent Ca 2ϩ channels in the plasma membrane, leading to Ca 2ϩ cyt increase (Pei et al., 2000) . The rapid onset of peripheral ROS production and Ca 2ϩ increase reported here indicates a direct and rapid modulation by ROS of the pathways leading to propagation of a Ca 2ϩ cyt wave, involving both Ca 2ϩ influx channels and release of Ca 2ϩ from intracellular stores in endoplasmic reticulum-rich cellular regions in Fucus rhizoid cells (Taylor et al., 1996; Goddard et al., 2000) .
These findings provide an insight into ROS/Ca 2ϩ signaling in showing that localized extracellular ROS production is required for the spatial patterning of a Ca 2ϩ signal. Good evidence exists for differing roles of spatially distinct Ca 2ϩ signals in Fucus (Goddard et al., 2000) . Although additional work is needed to establish the significance of mitochondrial ROS production in this system, peripheral ROS at the cell apex is involved in both Ca 2ϩ wave generation and direct adaptive responses to stress. Osmotic change is sensed by an unidentified osmosensor (1), which induces DPI-sensitive ROS production within 10 s (2). H 2 O 2 is produced at the exterior side of the plasma membrane and may be involved in cell wall strengthening. H 2 O 2 also diffuses into the cell, leading to a localized peripheral intracellular increase. Localized external H 2 O 2 production also increases Ca 2ϩ channel activity (3). Downstream events include Ca 2ϩ wave propagation during the subsequent 10 to 60 sec (4), followed by Ca 2ϩ m increase (5) and mitochondrial ROS production (6). FCCP, carbonylcyanide p-trifluoromethoxyphenyl hydrazone.
METHODS
Embryo Culture
Fucus serratus embryos were cultured on glass cover slips fitted to the base of culture dishes in filtered seawater for 24 h in unidirectional light at 16ЊC, as described previously (Goddard et al., 2000) . All experiments were performed using two-celled embryos. Dishes were perfused during experiments on the stage of a Nikon Diaphot 300 inverted microscope (Tokyo, Japan) with a gravity perfusion system that allowed rapid solution changeover.
Cytosolic Ca 2؉ Measurements
Cytosolic Ca 2ϩ (Ca 2ϩ cyt ) was measured in rhizoid cells using Calcium green-dextran (10 kD) ratioed against Texas red-dextran (10 kD; Molecular Probes, Eugene, OR) (Goddard et al., 2000) . Dyes were dissolved to a final concentration of 1 mM in an artificial intracellular solution (200 mM KCl, 10 mM Hepes, and 550 mM mannitol, pH 7.0), pressure microinjected (Taylor et al., 1996; Goddard et al., 2000) using pipettes fabricated from 1.2-mm filamented borosilicate glass, and dry beveled (Taylor et al., 1996) . In some cells, the Ca 2ϩ chelator dibromo glycine, N 1 N 1 -(1,2-ethanediylbis(oxy-2,1-phenylene)) bis(N-carboxymethyl))-tetrapotassium salt (intracellular concentration of 4 mM) was microinjected along with the Ca 2ϩ dyes to buffer Ca 2ϩ cyt changes. Ca 2ϩ dyes were injected to a final intracellular concentration of 10 to 50 M. Embryos were incubated in 0.1 to 0.2 M sorbitol to reduce internal turgor pressure during microinjection and recovered in seawater for Ͼ1 h before measurements were taken. Images were acquired using a Bio-Rad 1024 confocal microscope (Hemel Hampstead, UK) equipped with a krypton/argon laser. Calcium green and Texas red were excited at 488 nm (523 nm emission) and 567 nm (605 nm emission), respectively. Images were acquired using TIMECOURSE software (Bio-Rad) and ratioed using TIMECOURSE (Bio-Rad) or LUCIDA (Kinetic Imaging, Liverpool, UK) software. Calcium green/Texas red fluorescence ratio (R) values were calibrated from R min and R max (Grynkiewicz et al., 1985) . Dyeloaded cells were perfused alternatively with Ca 2ϩ -free seawater (containing 0.1 mM EGTA) and 50 mM Ca 2ϩ -seawater to obtain R min and R max values, respectively. All calibration solutions contained 100 M ionomycin (Calbiochem, Nottingham, UK). Ca 2ϩ cyt values were calculated using the formula [Ca 2ϩ 
Intracellular Reactive Oxygen Species Measurements
Reactive oxygen species (ROS) production was monitored as oxidation of 5-(and 6-) chloromethyl-2Ј,7Ј-dichlorodihydrofluorescein diacetate (CM-DCFH 2 -DA; Molecular Probes). Different dye-loading protocols were used to visualize preferentially either early peripheral cytosolic ROS production or longer term mitochondrial production. For visualization of early ROS increases in both the cytosol and the mitochondria, embryos were incubated in 100 M CM-DCFH 2 -DA in 1% ethanol for 20 min. Dye was retained in the experimental solution throughout the experiment. For preferential visualization of mitochondrial ROS production, cells were washed in seawater for 20 min before experiments. This removed dye from the cytosolic, but not the mitochondrial, compartment. Confocal images were obtained after excitation at 488 nm and emission at 522 nm. Because CM-DCFH 2 -DA is a nonratiometric dye, we checked for any changes in fluorescence caused by a decrease in cell volume during hyperosmotic shock by simultaneously monitoring the fluorescence of microinjected Texas red-dextran (see above).
To estimate intracellular ROS production in nonstressed cells and during hyperosmotic shock, we used an in vivo calibration protocol. First, an in vitro calibration curve of the fluorescence of droplets of CM-DCFH 2 (chemically hydrolyzed from CM-DCFH 2 -DA as indicated by the manufacturer) mixed with known concentrations of H 2 O 2 (calibration curve A) was constructed together with an in vitro calibration curve of the fluorescence of droplets of various known concentrations of Texas red (calibration curve B). Rhizoid cells were injected with equal proportions of Texas red-dextran and CM-DCFH 2 -DA. The average cellular fluorescence of each dye was monitored before and after hyperosmotic shock treatment. The concentration of Texas red, and thus the concentration of DCFH, was determined from calibration curve B. Using calibration curve A, we calculated the intracellular total ROS production that gave rise to the observed fluorescence.
Mitochondrial Localization
Mitochondria were localized after incubation with 0.1 M MitoTracker Red (Molecular Probes) for 30 min or 0.2 M MitoTracker Green (Molecular Probes) for 1.5 h. Mitochondrial membrane potential was monitored using the lipophilic cationic probe tetramethylrhodamine ester (TMRE; 0.1 M for 5 min) (Molecular Probes). Each dye was dissolved in 0.1% DMSO in filtered seawater. To confirm the mitochondrial localization of MitoTracker dyes, embryos labeled with MitoTracker red or MitoTracker green were fixed, embedded, and sectioned for transmission electron microscopy as described previously (Brownlee and Pulsford, 1988 ) but without osmium after fixation. Confocal fluorescence images of sections mounted on 3-ϫ 1-mm slot grids (0.1 to 0.5 m) were acquired, and sections were exposed subsequently to osmium vapor from a drop of osmium tetroxide in a closed petri dish. They were then stained in 4% methyl acetate and lead citrate and viewed with a JEOL 200 CX electron microscope. This allowed the direct identification of fluorescent cellular structures.
TMRE enters mitochondria in a membrane potential-dependent manner. Mitochondrial accumulation of TMRE has been shown to cause the quenching of fluorescence, whereas mitochondrial depolarization induces TMRE release from mitochondria and a consequent increase in cellular fluorescence (Zimmermann, 2000) . Thus, changes in TMRE fluorescence have been used to monitor mitochondrial membrane potential changes. TMRE fluorescence was monitored with the confocal microscope at 568-nm excitation and 605-nm emission. Cells loaded simultaneously with CM-DCFH 2 -DA and MitoTracker red or with X-rhod-FF ((Molecular Probes; see below) and MitoTracker green were scanned at 488/568 nm (excitation wavelengths) and 522/605 nm (emission wavelengths).
Inhibitors
The mitochondrial uncoupler carbonylcyanide p-trifluoromethoxyphenyl hydrazone (Sigma, Poole, UK) was dissolved in 0.1% DMSO and filtered seawater (final concentration of 1 M). The NADPH oxidase inhibitor diphenyleneiodonium (Sigma) was dissolved in 0.1% DMSO to a final concentration of 10 M in filtered seawater. Cells were exposed to inhibitors for 1 h before the beginning of the experiment, and inhibitors also were included in the perfusing solutions.
The phospholipase C inhibitor U73122 or its inactive analog U73343 was dissolved in 0.1% DMSO and filtered seawater (final concentration of 10.0 M), and cells were preincubated for 2 h. Catalase (Sigma) was used at a concentration of 450 g/mL.
Mitochondrial Ca 2؉
X-rhod-FF was used to monitor mitochondrial Ca 2ϩ changes. X-rhod-FF has a net positive charge, which facilitates its sequestration inside mitochondria by potential-driven uptake. Cells were loaded with 2 M X-rhod-FF AM (0.1% DMSO) for 1.5 h. The residual extracellular and cytosolic dye was eliminated by washing in seawater for 2 h. The mitochondrial localization of the dye was checked by coloading the cells with MitoTracker green. Confocal images of X-rhod-FF fluorescence were obtained at 568 nm (excitation) and 605 nm (emission).
Inositol 1,4,5-Triphosphate Photorelease
Rhizoid cells were microinjected with a mixture of caged inositol 1,4,5-triphosphate [Ins(1,4,5)P 3 ] (Calbiochem; final intracellular concentration of 10 M) and Calcium green-dextran and Texas red-dextran as described above. To monitor ROS production, cells were injected with Ins(1,4,5)P 3 and Texas red-dextran (final intracellular concentration of 10 to 50 M) and then incubated with CM-DCFH 2 -DA as described above. Photorelease was achieved with a UV lightpulsed nitrogen laser (10-ns pulses, 20 Hz for 1 s) (VSL337; Laser Science, Cambridge, MA) delivered via the microscope objective and focused to an adjustable spot via a beam expander and adjustable focusing lens (Goddard et al., 2000) . Laser intensity was adjusted with a diaphragm in the delivery optics to a level that caused the photorelease of Ins(1,4,5)P 3 but did not by itself induce an oxidative burst. Control cells were microinjected only with Texas red-dextran, loaded with CM-DCFH 2 -DA, and exposed to identical laser excitation.
Patch Clamping
Spheroplasts were obtained from the apices of Fucus rhizoid cells using laser microsurgery of the cell wall, as described previously (Taylor and Brownlee, 1992; Taylor et al., 1996) . Cell-attached recordings were made from apical protoplasts using conventional patch-clamp techniques (Taylor et al., 1996) . The reference electrode consisted of an Ag/AgCl pellet in a holder containing seawater and was connected to the bath via a 3% agar bridge. Patch pipettes were fabricated from borosilicate glass (GC150TF; Clark, Pangbourne, UK) with a Narishige pipette puller (P-833; Narishige, Tokyo, Japan). Electrodes were dipped briefly in 0.001% polylysine solution (Sigma) before back filling with ultrafiltered pipette solution (30 mM CaCl 2 , 30 mM KCl, and 10 mM Hepes, pH 7.8). Patch-clamp recordings were obtained with an Axopatch 1D amplifier (Axon Instruments, Foster City, CA), filtered at 5 kHz, and analyzed with PCLAMP software (Axon Instruments).
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